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I. Abstract 
As the most ubiquitous biological entities on earth, viruses have important impacts on 
aquatic microbial ecology and have been studied at length in the global ocean. However, the role 
of bacteriophage in lotic ecosystems, particularly in benthic biofilms, have been largely under 
studied. Streams and rivers play crucial roles in global carbon cycling, with over 2 x 1015 g C 
turned over each year, and benthic biofilms appear to be hotspots of microbial activities like 
organic carbon transformations. Given this importance of lotic ecosystems and the known 
impacts of viruses in other aquatic systems, investigating the ecology of viruses in streams is 
likely to illuminate the specific roles viruses play in these ecosystems.  
The main goals of my work were to: 1) determine whether viruses (detectable as 
extracellular particles) are consistent members of natural mixed biofilm communities; 2) 
determine whether temperate phage are present and active in multispecies bacterial biofilms 
collected from streams; and 3) to determine whether community profiling approaches like 
RAPD-PCR can be adapted to biofilm virus communities/samples. Firstly, epifluorescence 
microscopy was used to verify that viruses were present in biofilm communities procured from 
the Crim Dell Creek, White Clay Creek, and experimental flumes. To investigate the potential 
importance of lysogeny in benthic biofilms, prophage induction experiments were carried out on 
samples of both naturally occurring and laboratory grown biofilms. Both field and laboratory 
experiments revealed evidence of prophage induction in the majority of the biofilm samples 
investigated. Interestingly, prophage induction was statistically significant but only a small 
percentage of the total bacterial population appeared to harbor prophage or engaged in induction. 
Finally, use of the community level profiling approach RAPD-PCR was optimized for use in 
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analyzing the viral communities of lotic biofilms. This approach is an effective and more cost-
efficient alternative to other viral community composition analyses such as metagenomics. 
 Our results suggest that bacteriophage are consistent members of lotic biofilm 
communities, and that lysogenic interactions may be particularly important, though the specific 
implications for stream ecology have yet to be determined.  The RAPD-PCR optimization should 
aid in future studies for resolving spatial and temporal changes in biofilm viral community 
composition in response to different variables.  
 
II. Introduction 
Viruses are not only the most abundant biological entities in aquatic systems, but indeed, 
on the planet (Wommack and Colwell 2000). In most aquatic ecosystems, viral abundance 
exceeds bacterial abundance, typically by an order of magnitude (Chibani-Chennoufi et al. 
2004). As such, viruses occupy many ecological roles and have significant impacts on different 
ecosystem-level processes from top-down control of bacterial abundance (Weinbauer and 
Rassoulzadegan 2004), maintenance of microbial community composition (Thingstad 2000; 
Weinbauer and Rassoulzadegan 2004), and nutrient fluxes through food webs (Peduzzi 2016). 
Likewise viruses impact to evolutionary processes such as selection and gene transfer and 
biogeochemical processes such as the release of organic compounds from viral lysis impacts 
global nutrient cycles (Azam et al. 1983; Bonilla-Findji et al. 2008; Bratbak et al. 1996; Fuhrman 
1999). While most of our understanding of viral impacts assume lytic interactions between virus 
and host, other viral replication strategies are possible.  Bacteriophage, which are viruses that 
infect bacteria, have evolved two main modes of replication, and the primary alternative to the 
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lytic replication cycle is the lysogenic cycle (Figure 1). Lysogeny is the stable maintenance of 
the viral genome in the host in the form of prophage (Ackermann and DuBow 1987). 
 
Figure 1. Comparing the lytic and lysogenic cycle of bacteriophage infection. Here, 
the phage genome is depicted in red while the host genome is depicted as blue 
(adapted from (“Lysogenic Cycle” 2019)) 
 
Temperate phage, which are phage that can replicate through either the lytic or lysogenic 
pathway, are important because they can introduce new genes into the genomes of their bacterial 
hosts. Phage-encoded genes can impart a fitness advantage that is expressed as a change in the 
phenotype of the host in a process known as lysogenic conversion (Lenski and Levin 1985). In 
fact, viruses themselves are thought to act as “reservoirs” for genetic information that can be 
transferred to their hosts (Goldenfeld and Woese 2007). The presence of temperate phage in a 
particular environment would be expected to impact the genetic diversity, evolution, and gene 
exchange of the host population living in that environment (Replicon, Frankfater, and Miller 
1995; Saye et al. 1987; Wilcox and Fuhrman 1994). 
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Currently, it is believed that lysogeny is positively selected for under conditions in which 
the host lacks sufficient resources for growth or survival (Williamson et al. 2008). For example, 
lysogeny seems to be prevalent when hosts are slowly growing or when hosts are patchily 
distributed (Williamson et al. 2008). Additionally, lysogeny is prevalent in spatially structured 
environments, where a chain of lytic infection might not be supported (Williamson et al. 2007).  
To understand the relative importance of lysogeny in a given environment, previous 
studies have used the rate of prophage induction in sampled bacterial communities as a proxy 
measure (Weinbauer et al. 2003). Prophage induction, typically using mitomycin C, has been 
used to assess lysogeny in many different environments including deep sea hydrothermal vents 
(Williamson et al. 2008), soil (Williamson et al. 2007), marine sediments (Mei and Danovaro 
2004), and coastal water samples (Long et al. 2008; McDaniel et al. 2002; Williamson et al. 
2002; Williamson and Paul 2004). However, the role of temperate phage in freshwater 
ecosystems, particularly in lotic ecosystems such as streams, remain understudied (Williamson et 
al. 2008; Peduzzi 2016). 
Lotic ecosystems, which are moving freshwaters that include rivers and streams, alter the 
surface of the world as they form complex networks across landscapes. As such, different 
sources introduce different particulates, solutes, and microbes into streams. Streams are the link 
between the freshwater and the marine as well as the terrestrial and freshwater domains, and 
therefore integrate different ecosystems.  Overall, an estimated 2 x 1015 g C per year are 
transported, transformed, or stored by streams and rivers on earth, and 3.2 x 1014 g C are respired 
as CO2, an important greenhouse gas (Battin et al. 2016). Additionally, an estimated 33% of 
carbon emitted from streams is predicted to pass through a viral shunt (Peduzzi 2016). The viral 
shunt refers to the release of organic matter (primarily dissolved organic carbon) from different 
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trophic levels in aquatic ecologies through the infection and subsequent lysis by viruses. As such, 
it is incredibly important to study the role of viruses in streams in order to further understand the 
movement of organic matter in stream ecology (Peduzzi 2016). In lotic systems, biofilms are the 
foundation of the food web (Battin et al. 2016; Romaní et al. 2008). Among aquatic microbial 
communities, stream biofilms in particular are intimately linked to carbon flux globally and emit 
an outsized amount of carbon into the atmosphere, compared to the global surface area of 
streams, through the degradation of organic matter (Battin et al. 2016; Raymond et al. 2013). 
Biofilms in streams, which are also called the epilithon or periphyton, are complex 
communities of multiple species of bacteria and can include other microbes including fungi, 
algae, and diatoms. Almost all bacteria can form biofilms, which are communities of cells that 
are attached to a surface (Battin et al. 2016). In addition to a layer of living cells, biofilms feature 
a thick extracellular matrix made up of polysaccharides, proteins, and extracellular DNA 
(Carrolo et al. 2010). Examples of biofilms include those that form on medical equipment such 
as catheters, dental plaque, and the green film that forms at the bottom of streams (Battin et al. 
2016). Several studies suggest that the vast majority of microbes in aquatic systems exist in 
biofilms, rather than as suspended cells (Costerton, Geesey, and Cheng 1978; Geesey et al. 1978; 
Lock et al. 1984; Azam et al. 1983). Biofilms form when primary cells attach to a surface and 
microcolonies become a matrix-enclosed community, and the primary cells in steam biofilms are 
derived from the microbial diversity in the water column above (Battin et al. 2007; Besemer et 
al. 2012). The matrix of biofilms includes polysaccharides, proteins, and nucleic acids and are 
protected by a cuticle (Carrolo et al. 2010). 
Much of our current knowledge regarding biofilms comes from lab-scale studies using 
single-species biofilms. Such approaches have been highly valuable in developing conceptual 
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models to understand biofilm formation and development (O’Toole et al. 2000), biofilm 
interactions with the surrounding environment (Beveridge et al. 1997), and biofilm interactions 
with other microbes (Hansen et al. 2007). However, streams have multispecies and frequently, 
polymicrobial biofilms (Battin et al. 2016; Findlay 2010). Further, the constant flow of water 
across stream bed surfaces creates biofilms with unique and complex physical structures (Battin 
et al. 2016). Among many reasons for studying stream biofilms, they are sites for enzymatic 
activities that include but are not limited to ecosystem respiration and primary production, and 
organic compound cycling.  
Much of what we understand regarding the ecology of lotic biofilms focuses on cellular 
microbes including bacteria (Watnick and Kolter 2000), algae (Schnurr and Allen 2015), and to a 
lesser extent, diatoms and fungi (Albuquerque and Casadevall 2012; Consalvey, Paterson, and 
Underwood 2004). Almost nothing is known regarding the potential roles of viruses in these 
communities.  What little information is available comes from laboratory-scale studies using 
single species biofilms (Watnick and Kolter 2000). Furthermore, the potential importance of 
lysogenic replication not well understood in stream biofilms. It could be predicted that the matrix 
that covers biofilm communities provides physical protection from infection by extracellular 
phages.  
The main goals of my work were to: 1) determine whether viruses (detectable as 
extracellular particles) are consistent members of natural mixed biofilm communities; 2) 
determine whether temperate phage are present and active in multispecies bacterial biofilms 
collected from streams; and 3) to determine whether community profiling approaches like 
RAPD-PCR can be adapted to biofilm virus communities/samples.  My hypotheses were: 1) that 
virus like particles would be detectable in the biofilm matrix and be consistent members of the 
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polymicrobial community; and 2) that temperate phage are prevalent in bacterial biofilms of 
streams since the spatial structure of biofilms presents a physical barrier to extracellular attack 
and prophage could be maintained within lysogenic cells in the active layer community.  
 
 
 
III. Materials and Methods 
Induction of Biofilms 
Sample Collection: 
 
 
Figure 2.  Map of field sites where natural biofilm samples were collected along the 
Crim Dell Stream on the campus of the College of William and Mary.  
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Field Sites. 1) Crim Dell Creek.  Biofilm growth was cultivated on stones deployed in 
the stream bed of Crim Dell Creek, a stream that drains the Crim Dell pond on the campus of the 
College of William and Mary. Cement 7” by 7” (17.8 x 17.8 cm) steppers were deployed on 
02/01/2017 in three different reaches of the stream: Crim Dell Pond (CDP, 37°16'14.4"N, 
76°42'52.4"W) in the immediate outflow from the pond, Crim Dell upper reach (CDU, 
37°16'15.5"N, 76°42'58.5"W), and Crim Dell lower reach (CDL, 37°16'12.8"N, 76°43'03.8"W; 
Figure 1). Three replicate stones were completely submerged at each location in a row across the 
width of the stream bed. One of the three replicate stones was collected from each site at 51, 70, 
and 105 days post-deployment, and biofilm material was harvested in the lab.  
2) White Clay Creek.  Natural biofilm samples were collected from the bed of White 
Clay Creek (WCC) in Avondale, PA (39°51'35.1"N, 75°46'58.2"W). Samples of sediment and 
biofilm were gathered from WCC adjacent to Stroud Water Research Center (39°51'33.5"N 
75°47'01.6"W) on a monthly schedule from August 2016 through February 2017.  Samples were 
generally collected on the first Wednesday of each month, but sampling times were adjusted to 
avoid large scale disturbances such as storm events.  At each sampling site triplicate samples 
were gathered from the left, center, and right streamlines.  These triplicate samples were pooled 
on site, yielding one aggregate sample each month. During sediment collection, a 40 mm 
diameter plastic ring was used to remove a small circular plug of streambed.  The top layer of 
this plug, corresponding to the uppermost layer of streambed sediments was scraped using a flat 
blade and stored in a sterile Whirl-pak bag (Nasco, Pacifica Palisades, CA) for transport to the 
lab.  Sediments and associated biofilm were then transferred into sterile 2 ml tubes and frozen at 
-80°C until use. 
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 Experimental Flumes.  Biofilm samples were grown in indoor experimental flumes (6.1 
m long x 0.43 m wide x 0.2 m deep; average water height 0.1 m) at Stroud Research Center in 
Pennsylvania. The water used in flume experiments originated from White Clay Creek (WCC), 
which is directly adjacent to the research center, and supplied to flumes in a once-through 
design.  Flumes were switched to recirculation July 2-3, 2018 and July 21-23, 2018 due to storm 
events that would have changed the nutrient concentrations and sediment load of the intake water 
relative to base flow conditions.  Nutrient concentrations for WCC typically range from 3 to 4 
mg NO3-N l-1 and 10 to 60 g PO4-P l
-1  (Battin et al. 2003).  The middle 5 m of the length of all 
flumes were packed with autoclaved rocks (median diameter 5 cm) obtained from WCC as 
substrate for biofilm growth.  Average water temperature in the flumes was 20.8 +/- 1.5 °C over 
the duration of the experiments.  Biofilms in the experimental flumes were cultivated for 
approximately 5 weeks, from 06/25/2018 to 08/03/2018. Four flumes were established with the 
following treatments and conditions: 
 
Flume 1: High flow storm treatment. Water was supplied at a continuous base flow rate 
of approximately 0.2 m s-1 pre-storm.  The flow rate was then adjusted on July 12 (after 
approximately 2 weeks of biofilm growth) to mimic a 24-hour high velocity storm (0.4 m 
s-1) with sediment added (410 nephelometric turbidity units, NTU).  The flow rate was 
adjusted back to pre-storm conditions after the 24-hour pulse.  
Flume 2: Recolonized new rocks. No water was supplied to this flume until July 12, and 
the first water flow simulated a 48-hour storm pulse (0.3 m s-1) with sediment added 
(479 NTU). After the storm pulse, the flow rate was adjusted to the base flow rate of 
approximately 0.2 m s-1 for the remainder of the observation period. 
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Flume 3: Low flow storm treatment. Water was supplied at a continuous base flow rate 
of approx. 0.2 m s-1 pre-storm.  The flow rate was then adjusted on July 12 (after 
approximately 2 weeks of biofilm growth) to mimic a 48-hour low velocity storm (0.3 m 
s-1) with sediment added (417 NTU).  The flow rate was adjusted back to pre-storm 
conditions after the 24-hour pulse.  
Flume 4: Control/Continuous flow. Water was supplied at a continuous base flow rate of 
approximately 0.2 m/s over the five-week observation period.   
 
Biofilm Sample Collection for Inductions. Biofilm samples were obtained by collecting 
rocks from the flume beds at 3 points along the length of each flume (beginning, middle, and 
end).  Biofilm material was scraped from the rocks with a razor blade and homogenized to 
produce one composite sample per flume treatment. The initial timepoint for induction 
experiments was collected on 07/03/2018.  For this sample three stones were collected from 
three of the four flumes, as the Recolonized flume was not yet receiving water flow.  The 
remaining 3 flumes had not yet diverged in terms of treatments and were all receiving the same 
continuous flow.  A second timepoint was collected on 07/28/2018.  At this time, 3 stones were 
collected from all four flumes, and each of the flumes had been subjected to different treatments 
as described above. 
 
Biofilm Sample Collection for Bacterial and Viral Abundance. Rocks were selected 
from flumes as previously described in Biofilm Sample Collection for Inductions.  Biofilm 
samples were collected from each rock using sterile cotton swabs to scrape off biofilm and the 
cotton swab tips were cut off and placed into 2 mL microcentrifuge tubes. On each day of 
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collection, biofilm samples were collected from Flume 1, 3, and 4 (High flow storm, low flow 
storm, and control). Samples were then flash frozen in liquid nitrogen and stored at -80°C until 
extractions could be performed. 
 
Extraction of bacteria and virus particles from biofilm samples: 
  Field Sites. Extraction procedures were developed based on (Carreira et al. 2015) and an 
overview is shown in Fig. 2. Biofilm material was scraped off of the collected stone for each site 
using a razor blade and placed in separate 15 mL polypropylene tubes, one tube per site. The 
pooled biofilm scrapings from a single stone were homogenized by manual mixing with a sterile 
spatula and then portioned out into four 0.1 g replicates in pre-weighed 1.5 mL microcentrifuge 
tubes. De-ionized water (800 μL) and 80 μL of 0.1 mM EDTA were added to each tube and 
tubes were vortexed for 30 seconds before incubating at room temperature (ca. 22°C) for 15 
minutes in the dark. Biofilms were disrupted using sonication: each of the four replicate tubes 
were sonicated for five rounds of 10 seconds with 10 seconds of rest in between, using a Branson 
3 mm ultra-high intensity sonifier probe (Thomas Scientific, Swedesboro, NJ) with a maximum 
output of 494 Amps set at 10% output. Afterwards, each replicate was incubated with 1 μL of 
cyanase and 1 μL MnSO4 (1M) at 37°C for 30 minutes.  
Two of the four replicates were designated for bacterial extraction.  For these tubes, 
approximately 1 mL of sonicated biofilm material was layered over 200 µL Nycodenz (1.3 
g/mL) (Accurate Chemical, Westbury, NY), in a sterile 1.5 mL microcentrifuge tube. Tubes were 
centrifuged in an Eppendorf 5402 Centrifuge (Eppendorf, Hamburg, Germany) for 15 minutes at 
14,000 rpm and 4°C. After centrifugation, the supernatant was carefully pipetted into a sterile, 
labeled 1.5 mL microcentrifuge tube and stored on ice until used for slide preparation.  
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The remaining two of the four replicates were designated for virus particle extraction. 
Tubes were centrifuged in an Eppendorf Centrifuge 5402 (Eppendorf, Hamburg, Germany) for 
15 minutes at 14,000 rpm and 4°C. The supernatant was carefully decanted into a barrel of a 
sterile 3 mL syringe with a 0.22 µm filter (Millipore, Billerica, MA) attached. The supernatant 
was filtered into a sterile 1.5 mL microcentrifuge tube and stored on ice until used for slide 
preparation. 
 
 Experimental Flume Induction. For biofilms grown in experimental flumes at Stroud 
Water Research Center, three rocks were selected from each flume as described above and 
biofilm material was scraped off with a razor blade.  The harvested biofilm material was pooled 
in sterile 15 ml tubes, one tube per flume, and homogenized by manual mixing with a sterile 
spatula.  Aliquots (0.1 g) of homogenized biofilm were weighed into 6 replicate 1.5 mL 
microcentrifuge tubes, which were processed simultaneously and pooled later. Deionized water 
(800 µL) and 80 µL of 1 mM EDTA were added to each tube, and tubes were incubated for 15 
mins in the dark. Each tube was then sonicated for five rounds of 10 seconds with 10 seconds of 
rest in between at 30W. Used a Branson 250 sonifier probe (Thomas Scientific, Swedesboro, NJ) 
with a 3 mm tip set at 20 Hz with a max output of 200W and the output set at 15%. Afterwards, 
each sample replicate was incubated with 1 µL of cyanase and 1 µL MnSO4 (1M) at 37°C for 30 
minutes.  The extract was layered on top of 200 µL Nycodenz (1.3 g ml-1) in a sterile 1.5 ml 
microcentrifuge tube. Gradients were centrifuged in an Eppendorf Centrifuge 5402 (Eppendorf, 
Hamburg, Germany) for 15 minutes at 14,000 rpm and 4°C. After centrifugation, supernatants 
were pooled into a sterile 15 mL tube. 
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Experimental Flume Bacterial and Viral Abundance. Biofilm flume samples were 
thawed on ice. Phage buffer (150mM NaCl, 40mM Tris-Cl, pH 7.4, 10mM MgSO4, 1 mM 
CaCl2) was added to each 2 mL microcentrifuge tube until the cotton swab(s) were completely 
covered. Tubes were vortexed and the cotton swab head was removed using ethanol-sterilized 
forceps. Tubes were then centrifuged at 14,000 rpm for 15 mins and at 4°C to pellet the biofilm 
material. The supernatant was decanted, and the mass of pelleted biofilm material was estimated 
based on the average tare mass of the 2 mL microcentrifuge tubes. After the supernatant was 
removed, bacterial cells and virus particles were extracted as previously described for 
“Extraction of bacteria and virus particles from biofilm samples: Field Sites”. 
 
Figure 3.  Extraction protocol schematic for both viruses and bacteria from the field 
site biofilms. 
 
Prophage Induction: 
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Field Sites. Aliquots (100 μL) of bacterial extracts from each site were transferred into 
sterile microcentrifuge tubes and reserved for future epifluorescence microscopy slides. The 
remaining bacterial extract in each replicate tube was split in half, resulting in two identical tubes 
per replicate (two replicates per experiment), each containing approximately 440 μL of bacterial 
extract.  One tube in each of these pairs was designated as a control (BC, not induced) and one 
tube designated as treatment (BT, induced, see Fig. 3). Mitomycin C was added to each 
treatment tube at a final concentration of 0.5 μg mL-1 and an equivalent volume of deionized 
water was added to each control tube. Tubes were secured to a rocking table (LabNet, Edison, 
NJ) set at 50 RPM and incubated in the dark for 24 hours at room temperature (ca. 22°C).  At the 
end of the incubation period, all tubes were frozen with liquid nitrogen and stored at -80°C until 
analysis by epifluorescence microscopy.  
 
Experimental Flumes. Aliquots (1 mL) of the pooled Nycodenz gradients were 
distributed into six 1.5 mL microcentrifuge tubes; three were designated as non-induced controls 
(received 1 μL sterile deionized water) and three were designated as treatments (received 1 μL of 
mitomycin C, 1 mg ml-1 stock concentration; final concentration 0.5 μg mL-1).  All tubes were 
placed on a rocking table (LabNet, Edison, NJ) set at 50 RPM at room temperature for 24 h.  At 
the end of the incubation period, all tubes were then frozen using liquid nitrogen and were stored 
at -80°C until analysis by epifluorescence microscopy. 
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Figure 4. Schematic of the extraction and induction process for all replicates of the 
field site biofilms. 
 
Slide Preparation: 
Field Sites. Bacteria and virus extracts were prepared separately (see extraction protocol) 
and therefore were enumerated separately.  
a) Viruses: Aliquots (100 μL) of the biofilm that were processed to extract viruses (VR1 
and VR2, see Fig. 3) were suspended in 900 μL of sterile deionized water in a labeled 
microcentrifuge tube. After mixing the samples by vortexing, the suspension was filtered onto 
Whatman 13mm 0.02 µm pore Anodisc filters (Whatman, Maidstone, England) in individual 
Swinnex plastic filter holders (Millipore, Billerica, MA) using a Welch 60Hz vacuum pump 
(Welch, Mt. Prospect, IL). Filters were stained with 100 µL 2.5 X (final concentration) SYBR 
gold (Invitrogen, Carlsbad, CA) for 15 minutes in the dark. The stain solution was then drawn 
through the filters under vacuum, the filters removed from the Swinnex holders using forceps, 
and filters were allowed to air dry on a Kim-wipe in the dark for approx. 15 min.  Dried filters 
were mounted on glass microscope slides 5 µL of antifade (0.1 g p-phenylenediamine in 9 mL 
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glycerol). A glass coverslip was then placed on top of each filter with another 5 µL of antifade 
between the coverslip and filter.  Slides were stored in the dark at -20°C until examined using 
epifluorescence microscopy.  
b) Bacteria: Aliquots (100 μL) of the biofilm that were processed to extract bacteria 
(BR1, BR2, BC1, BT1, BC2, BT2, see Fig. 3) were suspended in 900 μL of sterile deionized 
water in a labeled microcentrifuge tube. After mixing the samples by vortexing, the suspension 
was filtered onto black Whatman 25 mm Isopore filters with a 0.2 µm pore size (Whatman, 
Maidstone, England) using a filter manifold (Millipore, Billerica, MA). Isopore filters were 
placed over a glass fiber support filters (GF/F, Pall, New York, NY) that had been moistened 
with deionized water. Next, 1 mL of each dilution was vacuumed through the anodisc filters 
using a Welch 60Hz vacuum pump (Welch, Mt. Prospect, IL). Filters were stained with 400 µL 
2.5 X (final concentration) SYBR gold (Invitrogen, Carlsbad, CA) for 15 minutes in the dark. 
The stain solution was then drawn through the filters under vacuum, the filters removed from the 
manifold using forceps, and filters were air dried. Dried filters were mounted on glass 
microscope slides and stored as previously described.  
 
Experimental Flumes. Viruses and bacteria were not extracted separately and both 
bacterial and viral abundances were analyzed using the same extract. The protocol for slide 
making was identical to the virus protocol outlined above (13 mm Anodisc filters, 0.02 µm pore 
size), with the following exception: some samples had aliquots of 100 μL or 250 μL of extract 
diluted to 1 mL with deionized water depending on density of VLPs and cells observed under 
fluorescence microscopy. 
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Epifluorescence Microscopy: 
 Slides were imaged using an Olympus BX51 microscope (Olympus, Center Valley, PA) 
fitted with a 100x/1.30 oil lens, Olympus U-RFL-T mercury lamp (Olympus, Center Valley, PA) 
and FITC excitation filter. A minimum of 10 images per Anodisc filter were captured using 
MetaMorph (MetaMorph, Nashville, TN). Bacterial cells and virus particles were discriminated 
and counted based on calibrated dimensions as previously described (Hardbower et al. 2012). 
 
Optimization of RAPD-PCR for Biofilm Viral Concentrates 
 RAPD-PCR uses primers that are not virus specific; thus, care must be taken to reduce or 
remove non-viral nucleic acids prior to amplification.  In water column samples, this is 
effectively achieved through filtration.  Several studies have indicated that further efforts to 
reduce non-viral signal (e.g., through nuclease treatment) are not generally necessary (Winget 
and Wommack 2008; Hardbower et al. 2012).  In biofilms, however, a large proportion of the 
biofilm matrix is extracellular DNA.  Since RAPD-PCR amplification of viral DNA has not been 
attempted for viral communities in biofilm material, specific steps were taken to test and 
optimize application of RAPD-PCR to these samples.  Natural stones were collected at CDP 
location on 03/29/18. Biofilm material was collected as previously described and aliquoted into 
eight 0.1 g replicates. Each replicate was extracted and treated with cyanase as previously 
described. All replicates were then flash frozen with liquid nitrogen after extraction was 
completed and stored at -80°C until use. 
 
Concentration of Biofilm Viral Extract. Of the eight replicate biofilm extractions, two 
replicates were pooled into one polyallomer ultracentrifuge tube, and two additional replicates 
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were pooled into another tube (Beckman-Coulter, Pasadena, CA).  Both tubes were topped up 
with sterile deionized water and balanced. Tubes were spun in an Optima XPN-90 
ultracentrifuge (Beckman-Coulter, Pasadena, CA) for 1.5 hours at 38,000 rpm (178,000 x g) and 
4°C. Virus pellets were resuspended in 100 µL of phage buffer (10x concentration) was pipetted 
up and down repeatedly. After resuspension, the viral concentrates were pipetted into a sterile 
1.5 ml microcentrifuge tube. 
 
Preparation of Control DNA. Control extracellular DNA was prepared from T4 phage 
by amplifying the g23 gene. This was done in order to provide a control for testing the required 
number of DNase treatments to remove all extracellular DNA. Samples spiked with the control 
extracellular DNA and treated with DNase could then be amplified using PCR and g23 specific 
primers. The presence of a band would indicate that the control DNA had not been completely 
removed.  
PCR master mix was prepared in a PCR hood (AirClean Systems, Creedmoor, NC) 
according to the following protocol: 
Reagents One 50 µL Reaction Master Mix 
X Number of Reactions 
DEPC H2O 31.3 µL (31.3 * X) µL 
5x Buffer 10.0 µL (10.0 * X) µL 
MgCl2 4.0 µL (4.0 * X) µL 
BSA 0.02 µL (0.02 * X) µL or round to 0.5 µL 
dNTPs 1.0 µL (1.0 * X) µL 
g23 forward primer 0.1 µL (0.1 * X) µL 
g23 reverse primer 0.1 µL (0.1 * X) µL 
Taq Polymerase 0.5 µL (0.5 * X) µL 
DNA 1.0 µL ---  
 
PCRs were run in 50 µL reactions, containing 49 µL of master mix and 1 µL of T4 phage 
sample from 01/20/2009 into 4 labeled 0.5 mL microcentrifuge tubes. The PCRs were run in a 
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Bio-Rad MJ Mini thermocycler (Bio-Rad, Hercules, CA) with the following cycles: initial 
denaturation at 94°C for 5 mins, then 29 cycles of denaturation for 45 sec at 94°C, primer 
annealing for 1 min at 53°C, and primer extension for 45 sec at 72°C, and a final primer 
extension step for 5 min at 72°C.  
PCR products were resolved in a 1.8% agarose gel with 10 µL of ethidium bromide (10 
mg/mL), in 1x TAE for 1 h at 90V and 500mA.  TrackIt 100 bp DNA Ladder (Invitrogen, 
Carlsbad, CA) was used to estimate band size. The gel was visually examined for bands in the 
appropriate wells instead of using software to quantify the band lengths. Single bands in each of 
the sample wells verified that the T4 g23 gene was amplified by the PCR 
 The five replicate PCRs were pooled and purified using a Qiagen QIAquick PCR 
Purification Kit (Qiagen, Germantown, MD) according to the manufacturer’s instructions. The 
concentration of the g23 DNA was 67.5 ng µL-1. 
 
Eliminating Extracellular DNA from Biofilm Viral Concentrates. Biofilm virus 
concentrates were diluted 1:1 with phage buffer (10x) and each sample was spiked with 1.5 µL 
of g23 DNA (67.5 ng µL-1). Aliquots (5 µL) of the spiked samples were transferred into sterile 
0.5 mL microcentrifuge tubes to serve as the initial time point and then stored at 4°C until PCR 
amplification. The remaining samples were subjected to three repeated rounds of cyanase 
treatment to completely remove extracellular DNA.  For each round of cyanase treatment, 1 µL 
of cyanase and 1 µL of MnSO4 (1M) were added to each spiked sample and tubes were 
incubated at 37°C for 30 minutes. After incubation,5 µL aliquots of each sample were transferred 
into sterile 0.5 mL microcentrifuge tubes and stored at 4°C until PCR amplification. The 
remaining spiked sample was extracted with 200 µL of chloroform and centrifuged in an 
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Eppendorf Centrifuge 5402 (Eppendorf, Hamburg, Germany) at 3,000 rpm and 4°C for 30 
minutes to remove the cyanase (Narr et al. 2017). The aqueous layer was transferred to a new 
tube and cyanase treatment (and chloroform extraction) was repeated for three more rounds (four 
rounds of cyanase treatment/chloroform extraction total). After each round of treatment, 5 µL 
aliquots of the samples were collected and stored at 4°C.  At the end of this process, all aliquots, 
including the initial, untreated spiked samples, were used as templates in PCR amplification 
using g23-specific primers. Polymerase chain reactions, thermocycler conditions, and gel 
electrophoresis were performed as described above, under “Preparation of Control DNA.” 
 
Analysis of Reproducibility. Of the eight replicate biofilm extracts, four were used in 
optimization of RAPD-PCR.  The remaining four replicates were induced with Mitomycin C as 
previously described. After induction, each sample was centrifuged in an Eppendorf Centrifuge 
5402 (Eppendorf, Hamburg, Germany) at 14,000 rpm and 4°C for 15 minutes, supernatants were 
filtered through 0.22 um and the filtrate collected into sterile 1.5 ml microcentrifuge tubes.  
Replicates were pooled to create two composite samples in two separate 1.5 ml tubes. The 
pooled samples were treated with 1 µL cyanase and 1 µL of MnSO4 (1M) at 37°C for 30 
minutes.  
All PCRs were set up in an AirClean 600 PCR Station (AirClean Systems, Creedmoor, 
NC) wiped down with 70% ethanol to prevent contamination. PCR master mix was prepared 
according to the following proportions: 
Reagents One 25 µL Reaction Master Mix 
X Number of Reactions 
DEPC H2O 11.7 µL (11.7 * X) µL 
5x Buffer 5.0 µL (5.0 * X) µL 
MgCl2 4.0 µL (4.0 * X) µL 
dNTPs 1.5 µL (1.5 * X) µL 
 21 
CRA 22 1.5 µL (1.5 * X) µL 
GoTaq Polymerase Hot Start 0.3 µL (0.3 * X) µL 
DNA 1.0 µL ---  
 
Individual RAPD-PCRs were run in 25 µL reactions with 1 µL of viral concentrate as 
template in 0.2 mL PCR tubes. For each set of RAPD-PCRs, a positive control and negative (no 
template) control were included. RAPD-PCRs were run in a Bio-Rad MJ Mini thermocycler 
(Bio-Rad, Hercules, CA) with the following conditions: initial denaturation at 94°C for 5 mins, 
then 29 cycles of denaturation for 1 min at 94°C, primer annealing for 3 mins at 40°C, and 
primer extension for 1 min at 72°C, and a final primer extension step for 10 mins at 72°C.  
Triplicate reactions were run for each pooled sample in order to verify the reproducibility 
of results. A second round of RAPD-PCR was performed for each replicate by using 1 µL of 
products from the first round as template in another round of amplification. Both rounds of 
RAPD-PCR included a positive control (1 µL of DNA known to produces bands) and a negative 
control (1 µL of DEPC H2O) to confirm proper amplification and no contamination.   
  
Gel Electrophoresis: 
RAPD-PCR products were resolved using a 2% high-resolution agarose gel [MetaPhor 
high-resolution RAPD-PCR agarose (Lonza, Alpharetta, GA)] prepared using 1x Tris-Borate-
EDTA (TBE) buffer that was stored at 4°C Once the agarose and buffer solution boiled, it was 
left to simmer for 6 minutes and then placed on a second Corning Stirrer PC-103 stir plate 
(Thomas Scientific, Swedesboro, NJ) to cool for 3 minutes while stirring. After cooling, the 
agarose was poured into a Thermo Scientific Owl EasyCast B1 casting tray (Thermo Fisher 
Scientific, Waltham, MA) with well combs in place. The gel was left to solidify at room 
temperature and then was incubated at 4°C for at least 4 hours.  
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After at least 4 hours, the solidified gel was removed from the refrigerator and the 
electrophoresis cell was filled with 0.5x TBE buffer. The well combs were carefully removed. 
The full 25 µL reaction volume of each RAPD-PCR was pipetted into wells. Invitrogen TrackIt 
100 bp DNA ladder (Invitrogen, Carlsbad, CA) was loaded into 3 lanes of each gel for band size 
interpolation. Gels were run for approximately 2 hours at 90 V and 500 mA using a LabNet 
300V gel electrophoresis power supply (LabNet, Edison, NJ). The gel was stained in a bath 
comprised of 300 mL of 0.5x TBE buffer and 30 µL of 10,000x concentration Invitrogen SYBR 
gold (Invitrogen, Carlsbad, CA) for 1 hour prior to imaging. 
 
Gel Imaging and Band Detection: 
Gels were imaged using Kodak MI software (Cole-Parmer, Vernon Hills, IL) and a Gel 
Logic 100 imaging system (Cole-Parmer, Vernon Hills, IL). Separate images were taken of the 
top and bottom tiers of each gel, and images were inverted (to yield dark bands on a light 
background) using the Kodak MI software. The images were analyzed for band pattern using 
ImageQuant TL v. 7.0 (GE Healthcare Life Sciences, Chicago, IL). Each lane of the gel 
represented the viral community of that one sample location. Band sizes were sorted into 10-bp 
bins using the molecular weight markers as references, and each specific bin was interpreted as a 
viral operational taxonomic unit (OTU; (Hardbower et al. 2012)).  Using this binning approach, a 
binary matrix of viral OTU presence/absence was created and used in subsequent analyses. 
RAPD-PCR Analysis of Experimental Flumes 
The experimental flume biofilm extracts from Flume 1 of 06/25/2018, 07/10/2018, 
07/23/2018, and 08/3/2018 were used for RAPD-PCR analysis of change in biofilm viral 
community composition over approximately two months. Extracts were thawed on ice and 
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centrifuged at 14,000 rpm and 4°C for 15 minutes. The supernatant was carefully poured off into 
a sterile 3 mL syringe with a 0.22 µm filter (Millipore, Billerica, MA) attached to remove the 
bacterial cells. The supernatant was filtered into a new microcentrifuge tube for RAPD-PCR 
amplification as described previously. Three replicate reactions were run for each sample, and 
RAPD-PCR was performed in two consecutive rounds to reach adequate concentration of DNA 
to visualize banding patterns. Gels were imaged and a binary matrix generated as previously 
described. 
 
Calculations: 
The number of viruses and bacteria per milligram of biofilm was calculated by first 
taking the average number of each over ten pictures per sample. This average was then used to 
calculate the number of virus or bacterial particles over the whole anodisc slide. After that, the 
following equation was used: 
 𝑉𝐷𝐶 𝑜𝑟 𝐵𝐷𝐶 𝑝𝑒𝑟 𝑚𝑔 =
𝐴𝑣𝑔.𝑃𝑎𝑟𝑡𝑖𝑐𝑙𝑒𝑠 × 
1
2
(
𝜋 × (𝑅𝑎𝑑𝑖𝑢𝑠 𝑜𝑓 𝑡ℎ𝑒 𝐴𝑛𝑜𝑑𝑖𝑠𝑐)2
𝐼𝑚𝑎𝑔𝑒 𝐴𝑟𝑒𝑎 × 𝐷𝑖𝑙𝑢𝑡𝑖𝑜𝑛 (𝑚𝐿)
)
𝐵𝑖𝑜𝑓𝑖𝑙𝑚 (𝑚𝑔) 𝑝𝑒𝑟 𝑉𝑜𝑙𝑢𝑚𝑒𝑜𝑓 𝐸𝑥𝑡𝑟𝑎𝑐𝑡 (𝑚𝐿)
 
The prophage induced was calculated by subtracting the viruses (VDC) in the control 
from the viruses (VDC) in the treatment: 
 Prophage Induced = VDCTreatment - VDCControl 
The bacteria to virus ratio (VBR) was calculated for each sample with the following 
equation: 
𝐵𝑎𝑐𝑡𝑒𝑟𝑖𝑎 𝑡𝑜 𝑉𝑖𝑟𝑢𝑠 𝑅𝑎𝑡𝑖𝑜 =  
𝐵𝑎𝑐𝑡𝑒𝑟𝑖𝑎𝑙 𝐷𝑖𝑟𝑒𝑐𝑡 𝐶𝑜𝑢𝑛𝑡 (𝐵𝐷𝐶) 𝑝𝑒𝑟 𝑚𝑔
𝑉𝑖𝑟𝑎𝑙 𝐷𝑖𝑟𝑒𝑐𝑡 𝐶𝑜𝑢𝑛𝑡 (𝑉𝐷𝐶) 𝑝𝑒𝑟 𝑚𝑔
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The inducible fraction was calculated using three different methods to calculate burst 
size: Bz = 50, Bz =30, or the mortality method. As described previously, the inducible fraction for 
each sample is can be described as a percent (Williamson et al. 2008): 
Inducible Fraction (%) = (
𝑃𝑟𝑜𝑝ℎ𝑎𝑔𝑒 𝐼𝑛𝑑𝑢𝑐𝑒𝑑
𝐵𝑢𝑟𝑠𝑡 𝑆𝑖𝑧𝑒
𝐴𝑣𝑔.  𝐵𝑎𝑐𝑡𝑒𝑟𝑖𝑎 𝑖𝑛 𝑡ℎ𝑒 𝐶𝑜𝑛𝑡𝑟𝑜𝑙
) ×  100% 
 
Statistical and Other Analyses    
Abundance. Values for both abundance graphs and inductions were determined using 
epifluorescence microscopy direct counts. ANOVA was used to test for differences in bacterial 
and viral abundances across sites and over time, using Prism 8 (GraphPad, San Diego, CA). 
 
Inductions. Paired t-tests were used (95% CI) to test if induction responses were 
significant for both the field sites and experimental flumes. This paired t-test was performed in 
Prism 8 (GraphPad, San Diego, CA).  
 
RAPD-PCR Results. To compare the banding patterns from RAPD-PCR, a binary 
matrix was created. To analyze this, a non-metric multidimensional scaling (NMDS) and cluster 
dendrogram were created in PAST (Hammer et al. 2001). Ordination analysis was used to 
compare the similarity and dissimilarly of the banding patterns across samples. Specifically, the 
closeness of the points in the NMDS represents the similarity of the species compositions of the 
samples. Therefore, if two points are close together then the communities are similar whereas if 
they are far apart, the communities are dissimilar. Likewise, the cluster dendrogram used a 
similarity index from 0-1 to determine the similarity of the samples. In previous studies, the 
reproducibility of RAPD-PCR  80% similarity has been used (Winget and Wommack 2008). 
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IV. Results 
Microbial Abundance 
Field sites. 1) Crim Dell Creek. From the Natural Biofilm samples collected along the 
Crim Dell Stream, epifluorescence was used to determine the bacterial direct count (BDC) and 
virus direct count (VDC) per milligram of biofilm. These measures represent changes in bacterial 
and viral titer over time in each sampling location. Data was log transformed for both BDC and 
VDC to make visualizing the patterns clearer. 
 
Figure 5. The bacterial direct count (BDC) at each sampling location for the natural 
biofilms over time.  Error bars represent SD (N=2). 
 
At each location, the BDC per mg biofilm increased over time with the largest increase 
occurring between 04/12/17 and 05/01/17 (Figure 5). At the CDL location, there was a slight 
decrease from 03/24/17 to 04/12/17 (Figure 5). With the exception of the March 2017 sample, 
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the bacterial cell counts in biofilms obtained from CDU were consistently higher than biofilms 
obtained from the other two sites. However, there was no significant difference between 
locations (one-way ANOVA; p = 0.3066). Likewise, no significant differences were observed in 
BDC across time, irrespective of location (one-way ANOVA; p = 0.3319, r = 0.4463). Therefore, 
the biofilms may be forming in a consistent across sites. A longer-term analysis of BDC 
encompassing more than 3 months of growth may help illuminate relationships over time and 
space. 
 
Figure 6. The viral direct count (VDC) at each sampling location for the natural 
biofilms over time.  Error bars represent SD (N=2). 
 
Comparison of viral direct counts (VDC) from biofilm extracts over time did not show a 
consistent trend, due in part to missing data points for CDU 03/24/17 and CDU 04/12/17. These 
data points were collected, but due to the loss of the slides for epifluorescence microscopy, 
microbial abundance determinations could not be made. Generally, VDC seemed to be the 
highest at 03/24/17 and both CDP and CDL saw a decrease in VDC from 03/24/17 to 04/12/17 
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(Figure 6). However, CDP and CDL diverged from 04/12/17 to 05/01/17, with a decrease at CDP 
and an increase at CDL. The trend over time cannot be analyzed for CDU (Figure 6).  While the 
overall trend for viruses appeared to be decreasing, virus particles were observed in the biofilm 
communities at consistently high numbers, 107 mg-1 or greater.    
 2) White Clay Creek (August-February). Biofilm samples taken from White 
Clay Creek in Pennsylvania were collected every month from August 2016 to February 2017. 
Data was log transformed for both BDC and VDC to make visualizing the patterns clearer. 
 
Figure 7. The bacterial direct count (BDC) for the White Clay Creek biofilms 
samples over the months of August to February. Error bars represent SD (N=2). 
 
Bacterial abundance generally increased from August through January, but rather sharp 
drops in abundance were observed for both October and February (Figure 7). Total abundances 
ranged from 5.53 x 105 ± 3.72 x 105 cells mg-1 in October to 1.96 x 106 ± 3.54 x 105 cells mg-1 in 
January (Figure 7).  
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Figure 8. The viral direct count (VDC) for White Clay Creek flume biofilms samples 
over the months of August to February.  Error bars represent SD (N=2). 
 
Trends in viral abundance in the WCC biofilm samples did not appear to mirror the 
bacterial abundance trends. Viral abundance peaked in December (Figure 8), while bacterial 
abundance peaked in January, one month after the peak in viral abundance (Figure 7). Viral 
abundance before and after the observed December peak remained relatively constant and VDC 
ranged from 1.17 x 106 ± 8.37 x 105 in October to 6.83 x 106 ± 2.18 x 106 in December (Figure 
8). Interestingly, the drop seen in BDC in October was not paralleled by a drop in VDC in the 
same sample. 
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Figure 9. The ratio of bacteria to viruses for the White Clay Creek biofilms samples 
over the months of August to February.  Error bars represent SD (N=2). 
 
The bacterium to virus ratio was determined for this time series, as a means to assess 
potential linkages between bacterial and viral dynamics. The ratios fluctuated from month to 
month, with the highest ratio coinciding with the maximum BDC in January and the lowest ratio 
coinciding with the maximum VDC in December (Figure 9). 
 
Experimental Flumes (06/25/18-08/03/18). Biofilm samples were taken from the high 
flow storm, low flow storm, and continuous flow flumes on eight dates from 06/29/18-08/03/18. 
Abundances were determined by epifluorescence microscopy and the BDC and VDC were 
calculated per milligram of biofilm. 
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Figure 10. The bacterial direct count (BDC) for the experimental flume biofilms 
samples from 06/29/18-08/03/18. Error bars represent SD (N=2). 
 
Data was log transformed for both BDC and VDC to make visualizing the patterns 
clearer. The high flow and low flow flumes had very similar abundance patterns and their trend 
over time was similar (Figure 10). This could indicate that the flow rate of the storm event does 
not strongly correlate with abundance. The continuous flow flume had a large spike in 
abundance on 07/03/18 and all three flumes had an increased abundance at 08/03/18 (Figure 10).  
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Figure 11. The viral direct count (VDC) for the experimental flume biofilms samples 
from 06/29/18-08/03/18. Error bars represent SD (N=2). 
 
The high flow and low flow flumes seemed to diverge in trends more for the VDC 
(Figure 11). The continuous flow flume had a similar peak in VDC at 07/03/18 as it did for BDC 
and again, all three had an increase in abundance at 08/03/18 (Figure 11). All three flumes seem 
to have very similar abundances over time, which could indicate that the storm events do not 
impact the viruses in the biofilm matrix. This would make sense considering the complex matrix 
and protective nature of the cuticle. 
 
Induction Assays 
Field Sites.  Samples of these same biofilms were subjected to induction assays to test for 
the presence and prevalence of bacterial lysogens harboring prophages.  It is important to note 
that biofilm samples could not be standardized for dry weight, so the original mass of the biofilm 
samples included water. Because mitomycin C is an antibiotic, overall cell death was observed 
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between many of the treatment and control samples. As a result, comparing the bacteria to virus 
ratio, as opposed to bacteria and virus direct counts, was used as one manner to account for this 
cell death. Another method to account for the antibiotic-induced cell death was to look at the 
inducible fraction. 
 
Figure 12. The ratio of bacteria to viruses for the natural biofilms samples used in 
induction assays.  Error bars represent SD (N=2). 
 
The bacteria to virus ratio ranged from 6.81 for CDP 03/24/17 to 44.2 for CDL 03/24/17 
in the control and from 6.32 for CDP 03/24/17 to 14.27 for CDP 04/12/17 (Figure 12). There was 
a general increase in the ratio over time for each sampling site as seen in the control replicates 
(Figure 12). There was also a clear decrease in the bacteria to virus between the control and 
treatment (Figure 12). A paired t-test (95% CI) was run to compare the treatment versus control 
samples, yielding a statistically significant p-value of 0.0093 at an alpha level of 0.05. This 
shows that the treatment had significantly more viruses per bacterial cells as shown by a decrease 
in the bacteria to virus ratio. Thus, it is likely that the observed increases in viruses relative to 
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bacteria in the treatment samples reflected cell death presumably caused by the induction of 
prophages.  
 
 
 
Table 1. Comparing Viral Direct Count between treatment and control of the natural biofilms 
Sample VDC mg-1 % Change 
Treatment Control 
CDP 03/24/17 1.46 x 107 ± 2.24 x 105 1.19 x 107 ± 3.16 x 105 22.6890756 
CDU 03/24/17 3.49 x 106 ± 1.37 x 106 2.57 x 106 ± 3.47 x 105 35.7976654 
CDL 03/24/17 3.04 x 106 ± 1.04 x 106 4.35 x 106 ± 2.14 x 105 -30.114943 
CDP 04/12/17 1.11 x 107 ± 3.27 x 106 6.79 x 106 ± 1.19 x 106 63.4756996 
CDU 04/12/17 4.24 x 106 ± 5.17 x 105 9.48 x 106 ± 6.44 x 105 -55.274262 
CDL 04/12/17 6.11 x 106 ± 1.00 x 106 2.51 x 106 ± 2.40 x 105 143.426295 
CDP 05/01/17 1.00 x 107 ± 3.34 x 106 4.43 x 106 125.733634 
CDU 05/01/17 9.01 x 106   1.72 x 107 ± 1.86 x 105 -47.616279 
CDL 05/01/17 9.06 x 106 ± 1.11 x 106 8.12 x 106 ± 2.21 x 106 11.5763547 
The Viral Direct Count (VDC) per milligram of biofilm obtained from epifluorescence microscopy. Results 
are represented as averages between replicates ± standard deviations. 
 
 
A negative percent change means that there were more virus particles in the control than 
in the treatment and therefore no evidence of prophage induction (Table 1). Only three samples 
showed negative percent change, and therefore, no evidence of prophage induction: CDL 
03/24/17, CDU 04/12/17, and CDU 05/01/17 (Table 1). However, six out of nine or 66.7% of the 
field site biofilms did show evidence of prophage induction (Table 1). 
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Figure 13. Comparison of the amount of observed prophage induced per sample of 
natural biofilm. Error bars represent SD (N=2). 
 
After removing samples that did not exhibit prophage induction, a paired t-test (95% CI) 
was conducted to compare the viral direct counts per mg of biofilm in the mitomycin C-treated 
samples to the controls. The number of prophage induced in these samples was significant, with 
a p- value of 0.0108 (alpha level of 0.05). For the majority of the samples (6 of 9, or 66.7 %), 
there was evidence of prophage induction, suggesting that bacteriophage could play an important 
role in natural biofilms (Figure 13). The average number of prophage induced across all sample 
times and locations was 1.51 x 106 ± 9.29 x 105 virus particles mg-1 biofilm. This average 
remained relatively stable across samples, indicating that it may be independent of sample timing 
or sample location (Figure 13). Therefore, prophage induction may be stably maintained along 
the stream and other factors may impact the amount of prophage induced instead of location or 
sample timing.  
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Figure 14. Prophage induction results grouped by sampling site. Error bars 
represent SD (N=2). 
 
Grouping the prophage induction results by sampling location did not show any 
correlation by site or by date (Figure 14). It is possible that the number of samples tested was not 
large enough or the sampling time scale was too coarse to detect any broader patterns. It is 
possible that the low detection rate of inducible prophage at the CDU site indicates that this 
location has a lower level of prophage incorporation in biofilm bacteria. 
 
Table 2. Calculations of the Inducible Fraction 
Sample Prophage Induced mg-1 Inducible Fraction (%) Determined By: Induced Burst Size 
(ΔVDC/ΔBDC) Bz = 50 Bz = 30 Mortality Method 
CDP 03/24/17 1.39 x 106 ± 3.38 x 106 0.064 ± 0.161 0.107 ± 0.269 0.472 ± 1.65 6.79 ± 16.56 
CDU 03/24/17 4.61 x 105 ± 1.02 x 106 0.021 ± 0.049 0.035 ± 0.081 0.0249 ± 0.079 42.81 ± 95.75 
CDP 04/12/17 2.14 x 106 ± 2.08 x 106 0.099 ± 0.115 0.165 ± 0.191 -0.451 ± 0.785 -10.97 ± 14.23 
CDL 04/12/17 1.80 x 106 ± 1.24 x 106 0.083 ± 0.078 0.139 ± 0.130 -0.600 ± 2.75 -6.92 ± 31.00 
CDP 05/01/17 2.93 x 106 
 
0.135 ± 0.086 0.226 ± 0.143 0.513 ± 0.511 13.20 ± 10.14 
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CDL 05/01/17 4.72 x 105 ± 1.10 x 106 0.022 ± 0.053 0.036 ± 0.088 0.0526 ± 0.178 20.73 ± 49.04 
Here Bz refers to the bacterial burst size of 50, 30, or determined by the mortality method. Viral Direct 
Counts (VDC) and Bacterial Direct Counts (BDC) were also shown. Results are represented as averages 
between replicates ± standard deviations. 
 
Inducible fraction calculations were carried out for all of the biofilm samples showing 
positive induction (see Table 1). The average inducible fraction for the samples was 0.0708 ± 
0.0448 for Bz 50, 0.118 ± 0.0746 for Bz 30, and 0.00181 ± 0.459 for the mortality method (Table 
2). These percentages are small compared to the whole bacterial community in the biofilm, 
comprising less than 1% of the biofilm community irrespective of the calculation method. The 
average inducible burst size was 10.94 ± 19.66 and two samples (CDP 04/12/17 and CDL 
04/12/17), had a negative ΔVDC/ΔBDC ratio (Table 2). There greater variation in the induced 
burst size and therefore the mortality method (Table 2).  
 
  
Figure 15. The inducible fraction according to either a bacterial burst size of 50 and 
30 or as determined by the mortality method. Error bars represent SD (N=2). 
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According to the inducible fraction, lysogeny appeared to be the most prevalent in CDP 
04/12/17 and CDP 05/01/17 (Figure 15). Additionally, the mortality method was the most 
inconsistent measure of inducible cell fraction as show by its high error rate (Figure 15). This 
method produced negative numbers despite prophage being produced for CDP 04/12/17 and 
CDL 04/12/17 and could be attributed to more bacteria in the treatment than the control. 
However, this is inconsistent with the expected cell death caused by mitomycin C and indicates 
bacterial growth occurred over the 24-hour incubation despite mitomycin C treatment.  
 
Experimental Flumes.  Experimental flumes were established to represent different flow 
regimes: a high flow storm event, a low flow storm event, recolonization of the stream bed by 
storm flow, and a constant base flow control. Induction assays were performed twice using 
biofilm samples from these flumes: once during early biofilm formation (two weeks of growth) 
and prior to the different flow treatments (called 07/03/18 or “Initial”), and once after the 
biofilms had matured and flumes had been subjected to the different storm flow treatments (five 
weeks of growth).  At the time that the initial biofilm samples were obtained, all flumes except 
the recolonized rocks treatment were receiving the same base flow treatment, and thus, biofilm 
samples from all flumes were combined into a single composite sample.  The second time that 
biofilm samples were obtained, each flume had been subjected to a different flow regime.  Thus, 
separate induction assays were performed using biofilm obtained from each flume.       
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Figure 16. The ratio of bacteria to viruses for the experimental flume samples 
collected at Stroud Research Center.  Error bars represent SD (N=3). 
 
The VBR represents the adjusted VDC compared to the bacteria and because bacterial 
abundance is divided by viral abundance, a lower ratio indicates more viruses (a larger number in 
the denominator). The VBR ranged from 24.88 in the control flume to 57.11 in the low flow 
flume for the control and from 4.20 in the recolonized flume to 12.18 in the 07/03/18 mixed 
biofilm for the treatment. Here, a higher bacterium to virus ratio indicates more bacteria per virus 
particle and therefore less virus particles (Figure 16). Consistently there was a higher bacterium 
to virus ratio in the control versus the treatment which suggests more viruses in the treatment 
(Figure 16). A paired t-test (95% CI) was conducted to compare the bacteria to virus ratios in the 
treatment and control. There was a statistically significant difference with an alpha level of 0.05 
between the control and treatment groups with a p-value <0.0001 indicating that the significance 
is strong. 
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As with the field site inductions, a negative percent change means that there were more 
virus particles in the control than in the treatment and therefore no evidence of prophage 
induction (Table 3). 
Table 3. Comparing Viral Direct Count between treatment and control of experimental flumes 
Flume Condition VDC mg-1 % Change 
Treatment Control 
Initial 1.14 x 106 ± 3.30 x 105 4.63 x 105 ± 1.83 x 104 147.50 
Continuous 4.83 x 106 ± 2.03 x 106 1.43 x 106 ± 5.15 x 105 238.55 
High Flow 1.98 x 106 ± 5.39 x 105 8.77 x 105 ± 3.62 x 105 125.52 
Low Flow 6.26 x 105 ± 8.82 x 104 7.02 x 105 ± 5.05 x 105 -10.80 
New Rocks 1.04 x 106 ± 4.79 x 105 1.38 x 106 ± 1.84 x 105 -24.51 
The Viral Direct Count (VDC) per milligram of biofilm obtained from epifluorescence microscopy. Results 
are represented as averages between replicates ± standard deviations. 
 
 
Figure 17. The viral direct count (VDC) comparison between the treatment and 
control samples.  Error bars represent SD (N=3). 
 
A paired t-test (95% CI) was performed to compare the VDC of the control and treatment 
(Table 3, Figure 17). First, the paired t-test was performed for all flume samples and showed that 
the difference between control and treatment was statistically significant with an alpha level of 
0.05. Even with the two flumes that did not show evidence of prophage induction, the p-value 
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equaled 0.036. Furthermore, removing the low flow and recolonized flume samples produced 
even strong statistical significance with an alpha level of 0.05 and a p-value equaling 0.0125. 
 
 
Figure 18. Number of prophage induced for each of the experimental flumes.  Error 
bars represent SD (N=3). 
 
The initial 07/03/18 sample, continuous flow flume, and high flow flume showed 
evidence of prophage induction (Figure 18). In particular, the continuous/control flume (final) 
had the highest level of prophage induction and this flume treatment corresponds to the lack of a 
storm event that would have disrupted the biofilm (Figure 18). In conjunction with the 
statistically significant difference between control and treatment VDC, there appears to be strong 
evidence that temperate phage play an important role in these biofilms. Combined with the 
evidence of prophage induction in the biofilms collected along the Crim Dell Stream, the 
importance of temperate phage in biofilms is seen in both natural and laboratory grown biofilms. 
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The fact that prophage induction was seen in two very different populations supports the 
hypothesis that temperate phage play a role in bacterial biofilm dynamics.  
Table 4. Calculations of Inducible Fraction for experimental flume biofilms 
Flume 
Condition 
Prophage Induced mg-1 Inducible Fraction (%) Determined By: Induced Burst Size 
(ΔVDC/ΔBDC) Bz = 50 Bz = 30 Mortality Method 
Initial 6.82 x 105 ± 3.21 x 105 0.044 ± 0.027 0.073 ± 0.046 21.3 ± 22.6 0.102 ± 0.088 
Continuous 3.41 x 106 ± 1.89 x 106 0.22 ± 0.15 0.36 ± 0.25 46.4 ± 96.2 0.234 ± 0.457 
High Flow 1.10 x 106 ± 5.95 x 105 0.070 ± 0.048 0.12 ± 0.080 55.1 ± 81.5 0.064 ± 0.084 
Here Bz refers to the bacterial burst size of 50, 30, or determined by the mortality method. Viral Direct 
Counts (VDC) and Bacterial Direct Counts (BDC) were also shown. Results are represented as averages 
between replicates ± standard deviations. 
 
The induced prophage per milligram ranged from 6.82 x 105 to 3.41 x 106 (Table 4). The 
average inducible fraction for the samples was 0.110 ± 0.094 for Bz 50, 0.184 ± 0.156 for Bz 30, 
and 40.9 ± 17.6 for the mortality method (Table 4). Additionally, the mortality method resulted 
in higher error than the other two methods in both these induction assays as well as the induction 
assays on the natural biofilms. Perhaps because it includes the error associated with the both the 
bacterial and viral counts. 
 
 42 
Figure 19. The inducible fraction according to either a bacterial burst size of 50 and 
30 or as determined by the mortality method. Error bars represent SD (N=3). 
 
 
Optimization of RAPD-PCR for Biofilm Viral Concentrates 
Removal of Non-viral DNA. Concentrated extracellular DNA (obtained from PCR 
amplification of phage T4 DNA) was used to assess the required number of DNase treatments to 
remove the extracellular DNA in the biofilm samples. This is important to ensure that only 
encapsidated viral DNA originating from biofilm viral communities is amplified in the RAPD-
PCR. Three rounds of cyanase treatment were performed on samples and chloroform was used in 
between rounds to remove the DNase. A portion of each extract sample was amplified without 
any cyanase treatment to act as the first time point. An absence of bands in the gel 
electrophoresis lanes indicated effective removal of the spiked extracellular DNA. Only the T0 
time point with spiked DNA and no cyanase treatment had a band indicating that g23 DNA was 
present. The other three time points did not have any bands and therefore one treatment of 
cyanase was sufficient to remove extracellular DNA. In future experiments utilizing RAPD-PCR 
on biofilm samples, only one round of DNase treatment is required or recommended. 
Final Amplification Procedure. As seen in Figure 20, two rounds of RAPD-PCR was 
required for enough viral DNA to be amplified to produce a visible band. Additionally, inhibition 
did not appear to be an issue as positive control bands were clearly seen in lanes one and two 
(Figure 20). Therefore, future studies should expect a minimum of two round of RAPD-PCR to 
be able to effectively analyze viral community composition.
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Figure 20. Gel electrophoresis image with labeled lanes where numbers correspond 
to the PCR reaction and “L” represents the ladder lane. 
Gel Key:
1) R5/R6 Spiked, 2) R7/R8 Spiked, 3) R5/R6 Unspiked, 4) R7/R8 Unspiked, 5) Positive 
control, 6) Negative control, 7) R5/R6 Repeated, 8) R7/R8 Repeated, 9) Positive control, 
10) Negative control 
 
 
This is significant in that RAPD-PCR used in this manner can effectively be used to 
study viral community composition patterns in an economical way. Although specific viral 
species cannot be identified, alternative methods rely on past genome sequencing and most virus 
species have not been identified yet. Therefore, RAPD-PCR can be used to look at patterns in 
areas lacking in viral species genome sequencing or in laboratories with limited finances or 
resources. 
 
L       1       2     3      4      5      6      7      8      L  
L     9      10              
 44 
Verifying Reproducibility. In order to fully address the effectiveness of RAPD-PCR in 
viral community composition analysis, reproducibility between PCR reactions needed to be 
confirmed. The same extracts used previously were amplified with two rounds of RAPD-PCR 
but three replicates were utilized per extract. Therefore, the banding patterns could be analyzed 
for similarity and because all conditions were held constant, the banding patterns should be 
identical between replicates. Additionally, after looking at the first gel, dilutions were made for 
one of the extracts to see if that would produce cleaner banding. Dilutions were performed 
between the first and second round of RAPD-PCR. 
 
Figure 21. Gel electrophoresis image of experimental flume biofilms with labeled 
lanes where numbers correspond to the PCR reaction and “L” represents the ladder 
lane.  
Gel Key: 
 
1) R5/R6 replicate 1, 2) R5/R6 replicate 2, 3) R5/R6 replicate 3, 4) R7/R8 replicate 1, 5) 
R7/R8 replicate 2, 6) R7/R8 replicate 3, 7) Positive control, 8) Negative control, 9) R5/R6 
replicate 1 round 2, 10) R5/R6 replicate 2 round 2, 11) R5/R6 replicate 3 round 2, 12) 
R7/R8 replicate 1 round 2, 13) R7/R8 replicate 2 round 2, 14) R7/R8 replicate 3 round 2, 
L    1   2    3    4    5    6    L   7   8    9   10   11   L 
L   12  13  14  15  16  17  L  18  19                    L 
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15) R5/R6 replicate 1 round 2 (10-1 dilution), 16) R5/R6 replicate 2 round 2 (10-1 dilution), 
17) R5/R6 replicate 3 round 2 (10-1 dilution), 18) Positive control, 19) Negative control 
 
 
From purely visual analysis, the reproducibility of the two-round RAPD-PCR method 
appears to be sufficient. Likewise, diluting the R5/R6 (viral concentrate) did produce less streaky 
bands, however no dilution was necessary for the R7/R8 (viral concentrate) extract. Therefore, in 
the future, it may be necessary to run a diluted and undiluted PCR reaction per sample, which 
will multiply resources required by two.  
 
RAPD-PCR on Experimental Flumes Extracts. Extractions were carried out on the 
biofilm collected from Flume 1 (high flow flume) from 06/25/18-08/03/18. Four extracts for 
06/29/18, 07/10/18, 07/23/18, and 08/03/18 were prepared for RAPD-PCR to evaluate the 
effectiveness of the method for analyzing community composition. Three replicates from each 
date were used to also assess the reproducibility of RAPD-PCR in this specific application. A 
non-metric MDS plot using the Bray-Curtis similarity index was made for these biofilm extracts. 
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Figure 23. MDS plot of biofilm collected on 06/29/18, 07/10/18, 07/23/18, and 
08/03/18 from Flume 1 (High flow). Community relatedness is measured by the 
closeness of the points in the 2D space. 
 
 
The biofilm extracts grouped together by date but were not on top of one another, which 
would indicate identical banding patterns. Therefore, there is some variation in which viral 
genomes are getting amplified per reaction. However, the replicates per date are grouped 
together, particularly for 07/23/18 and 08/03/18 (Figure 23). There does not appear to be a 
pattern between dates and each of the four dates do not seem to be related. But, 07/10/18 R3 is 
closer to the 06/29/18 group and may indicate some similarity in the viral community (Figure 
23). 
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Figure 24. Cluster dendrogram depicting the relatedness of the viral communities 
from 06/29/18-08/03/18. 
 
In addition to a non-metric MDS plot, a cluster dendrogram was produced using Bray-
Curtis calculations and the Past program. As expected, replicates of each date formed a group 
with the 06/29/18 and the 07/10/18 groups being the most similar or closely related (Figure 24). 
The 08/03/19 replicates formed an outgroup and were the least similar to the other samples 
(Figure 24). Unlike the MDS plot, the dendrogram showed a clear progression over time and as 
the biofilm matured, the viral community seemed to change from what it was originally. This 
could be attributed to viral species entering and leaving the biofilm as it matured. 
 
 
V. Discussion 
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Viruses are incredibly abundant and ubiquitous on Earth (Chibani-Chennoufi et al. 2004; 
Wommack and Colwell 2000). Viruses can be found everywhere cellular life is found, but the 
specific ways in which viruses interact with their hosts, and the broader impacts of these 
interactions, have yet to be determined for many ecosystems.  The present work focuses on lotic 
biofilms, microbial communities in which the potential roles of viruses are currently unknown. 
The majority of carbon transformations that occur in streams are mediated by surface-attached 
microbes such as biofilms (Costerton, Geesey, and Cheng 1978; Geesey et al. 1978; Lock et al. 
1984). Therefore, viral impacts on stream biofilms may have larger implications on the cycling 
of organic material globally. Previous research on virus interactions with biofilms has focused on 
single-species biofilms and have primarily related findings to medical applications (Abdallah et 
al. 2014; Khoury et al. 1992). Thus, a main contribution of the present work is to begin to define 
the ecological roles and interactions of viruses in lotic systems with polymicrobial biofilms 
(Battin et al. 2016; Findlay 2010). 
 
Challenges and Limitations 
Some challenges of my work centered on the nature of stream biofilms, which are made 
up of complexes of multiple species of bacteria and frequently include other microbes. Biofilm 
structure includes an extracellular matrix made up of polysaccharides, proteins, and DNA 
(Carrolo et al. 2010). The complex matrix of the biofilm proved challenging to work with due to 
difficulties in breaking up the structure and eliminating extracellular DNA for fluorescent 
detection of virus particles and cells, and for RAPD-PCR.  These challenges necessitated many 
rounds of experimentation to develop an optimal working method for the application of both 
epifluorescence microscopy and RAPD-PCR to biofilm samples. For epifluorescence 
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microscopy, we can only count individual cells and when the biofilm is intact, individual cells 
cannot be enumerated.  Thus, specific pains were taken to ensure complete disruption of biofilm 
structure and obtain the most accurate counts of individual cells and virus particles possible. 
Based on previous work with soils (Williamson et al. 2007), we suspected that induction assays 
would be best carried out by supplying the inducing agent after cells had been dispersed from the 
biofilm, rather than supplying the inducing agent to intact or in situ biofilms. 
Likewise, the extracellular DNA posed a challenge when imaging slides as SYBR Gold 
stain bound to nucleic acids in the extracellular matrix and created background fluorescence.  
Both sonication to break up the matrix as well as treatment with Cyanase, a non-specific 
endonuclease that rapidly degrades single and double stranded DNA and RNA, were used to 
reduce background fluorescence. However, in some samples these measures were not enough, 
and the background fluorescence was too high for accurate EFM imaging and counting (natural 
biofilms, CDP 05/01/17). Measures were taken to minimize the background fluorescence 
including the use of cyanase treatment in the preparation of extracts for EFM slides to reduce 
extracellular nucleic acids that SYBR gold would bind to. Likewise, efforts were made with the 
computer program MetaMorph as well as settings on the microscope to reach the right exposure 
and darkening of the images. Cyanase treatment was also utilized in the RAPD-PCR 
amplification so that only the encapsidated DNA of viruses in the biofilm would be amplified 
and create bands. Due to the importance of obtaining accurate, reproducible banding patterns, 
RAPD-PCR required all extracellular DNA to be removed before the reactions could be 
amplified. 
In addition to the challenges of the material, both time and resources limited the number 
of replicates that were feasible in this study. Time in particular was a limiting factor in the 
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experiments with the Crim Dell Creek as the biofilm developed more slowly than anticipated. A 
small number of replicates were used due to the amount of time that the extraction protocol took. 
All experiments were performed using two or three replicates, and although results were 
promising, the variance (standard deviation) was high. This can be attributed, at least in part, to 
the natural variability observed in environmental samples since conditions cannot be held 
perfectly constant. Even in the Stroud biofilm samples, which were grown in controlled flumes, 
the water applied to the flumes was from a natural source and therefore the resulting biofilms 
still had some degree of intrinsic variability. Larger numbers of replicates did help constrain 
variance, but in some experiments, increases in replication were sacrificed for testing additional 
treatment levels, or due to practical issues such as sample processing time. Thus, future research 
in this field would undoubtedly benefit from more replicates when time and resources allow. 
 
Interpretation of Results 
Viral abundance. Despite the challenges of working with bacterial biofilms, we were 
able to optimize methods and obtain significant results. Through epifluorescence microscopy 
(EFM) analysis, evidence of virus like particles (VLPs) was found in all naturally occurring 
biofilm samples collected from multiple lotic ecosystems (Crim Dell Creek, VA, White Clay 
Creek, PA, and experimental flumes) before samples were induced with mitomycin C. This 
suggests that viruses are regular members of biofilm communities, although their mechanism of 
production is not yet understood.  Virus particles may be entrained in the biofilm matrix from 
waters flowing across the biofilm, particles may be produced through lytic infection of biofilm 
microbes, or viruses may be released through spontaneous induction of lysogens, which has been 
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shown to occur in biofilms (Carrolo et al. 2010). Resolving these possibilities should be an 
important goal of future work in this field. 
 
Prophage Induction. It was hypothesized that temperate phage would engage in the 
lysogenic cycle of infection in bacterial biofilms because it provides a mechanism for phage to 
be maintained in the active layer of the biofilm as prophage. The proportion of biofilm samples 
that tested positive for prophage induction with mitomycin C supported this hypothesis: six out 
of nine natural biofilm samples (66.7%) and 3 out of 5 samples from biofilms grown in 
experimental flumes (60%) showed clear evidence of inducible prophage.  However, using 
established calculations to estimate the proportion of inducible lysogens within biofilm 
communities suggested that, while induction events were significant, a relatively small 
proportion of cells were lysogens that produced phage particles. The average percentage of 
lysogenic cells in the natural biofilms was determined to be between 0.0708 ± 0.0448 % and 
0.00181 ± 0.459 % depending on the calculation method (Table 2). For the biofilms grown in the 
experimental flumes, the average percentage of lysogenic cells was determined to be between 
0.110 ± 0.094 % and 40.9 ± 17.6 % depending on the calculation method (Table 4). Collectively, 
these findings suggest that temperate phage appear to play some role in bacterial biofilms and 
represent a new area of study in viral ecology. The relationship between viruses and bacteria in 
biofilms is not well understood and further work should investigate the possible role temperate 
phage play in biofilm formation and stability. This idea will be explored further in Implications 
of the Work, below. 
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Effectiveness of RAPD-PCR. Random amplified polymorphic DNA polymerase chain 
reaction (RAPD-PCR) has been used in several previous studies to assess viral community 
composition over time (Hardbower et al. 2012; Winget and Wommack 2008; Narr et al. 2017; 
Williamson et al. 2014).  One aim of this study was to assess the effectiveness of RAPD-PCR 
use for quantifying changes viral community composition in bacterial biofilms and biofilm 
samples were analyzed from the high flow storm flume. From 06/29/18 to 08/03/18, there was a 
clear progression over time as the biofilm matured and the viral community seemed to change 
from what it was originally on 06/29/18. These changes in viral OTU detected by RAPD-PCR 
could be reflective of changes in host community succession as the biofilm matured, with the 
different host community structures supporting different assemblages of viruses. Replicates of 
each date formed a group; however, they did not meet the conventional cutoff for similarity 
(Winget and Wommack 2008). This indicates higher than acceptable variability between 
replicates for RAPD-PCR to be used as a reliable tool for tracking viral community changes in 
biofilms. Therefore, future work with RAPD-PCR on biofilms should use multiple replicates and 
determine whether this variability can be constrained.  
The development of a working protocol for RAPD-PCR on biofilm samples was not 
easily done and producing a viral titer large enough for amplification proved challenging. First 
and foremost, the thick and complex extracellular matrix of the biofilm was a challenge from the 
beginning. The extraction protocol used in this work was fine tuned to break up the matrix 
without damaging bacterial cells. Since nucleic acids are present in the extracellular matrix and 
RAPD-PCR is not specific to virus genes, it was important to determine how to remove all 
extracellular DNA prior to the amplification step. Likewise, although evidence of VLPs pre-
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induction was found in both natural and laboratory grown biofilms, the viral titer was still low 
compared to other sample types such as water column samples. 
Additionally, it was not clear whether challenges in amplifying the viral DNA were due 
to low viral titer or PCR inhibition by unknown compounds the biofilm samples. Therefore, 
experiments were conducted to confirm whether low template concentration or PCR inhibition 
was the reason why no bands were produced after a single round of RAPD-PCR. It was 
concluded that the amount of template DNA needed to be increased and that one round of 
RAPD-PCR was not sufficient to resolve band patterns for most samples. In conclusion, RAPD-
PCR is an effective tool to study viral community composition in water column samples and may 
yet be used with biofilm samples, but additional work must be done to constrain the variability in 
banding patters that were observed for biofilm samples. Due to the low costs and high 
throughput of RAPD-PCR as a means of conducting viral community composition analysis, it is 
worthwhile to continue refinement of methods that would enable its application to biofilm virus 
assemblages. 
 
Implications of the Work 
As stated before, polysaccharides, proteins, and nucleic acids make up the thick 
extracellular matrix and it has been shown previously that extracellular DNA is required for 
biofilm formation (Whitchurch et al. 2002). Previously, it has been assumed that the extracellular 
DNA is the result of cell lysis within the biofilm with one notable exception being Pseudomonas 
aeruginosa, which has its own mechanisms to secrete DNA (Whitchurch et al. 2002). Due to the 
thick cuticle of biofilms, lytic viruses seem like an unlikely source for this cell lysis.  However, 
interactions between lytic phages and bacterial biofilms have been observed and are known to 
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occur (Harper et al. 2014; Gutiérrez et al. 2016; Motlagh, Bhattacharjee, and Goel 2016). 
Conversely, almost nothing is known regarding the interactions between temperate phages and 
biofilms.   
The results from this study indicate that inducible prophages are present in most biofilms 
(about 60% of all samples tested), and prophage induction could be another source for this 
extracellular DNA. In fact, Streptococcus pneumoniae forms biofilms during infection of human 
hosts and has a high number of temperate bacteriophage incorporated into its genome (Carrolo et 
al. 2010). Spontaneous induction of the prophage releases DNA into the extracellular matrix of 
the biofilm and because extracellular DNA (eDNA) is a key part of the biofilm matrix, the 
release of eDNA is necessary to biofilm formation. Lysogenic strains of S. pneumoniae produced 
more biofilm mass and results indicated that certain members of the biofilm community 
experienced phage-mediated lysis due to induction and the release of DNA benefitted the 
surviving bacterium (Carrolo et al. 2010). Understanding the role of temperate phage in bacterial 
biofilms is not only important from an ecological perspective, as is the main focus of this work, 
but also has wider implications for medically relevant bacterial biofilms. 
Different bacteria can colonize and form biofilms on medical equipment including 
catheters (Donlan 2009). Treatment of biofilms with antimicrobial agents such as antibiotics is 
usually ineffective for medical devices (Marr et al. 1997). That being said, phage may be able to 
overcome the extracellular matrix while antimicrobial agents cannot  (Harper et al. 2014; 
Gutiérrez et al. 2016; Motlagh, Bhattacharjee, and Goel 2016; Donlan 2009).  Bacteriophage 
produce an enzyme called polysaccharide depolymerase that aids in absorption across different 
bacteria cell surfaces (Adams and Park 1956). This enzyme has shown promise in the past for 
treatment of biofilms in Enterobacter agglomerans and Serratia marcescens to reduce biofilm 
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growth (Hughes, Sutherland, and Jones 1998). Additionally, biofilm reduction can be 
accomplished through direct application of lytic phages; for example, phage T4 was shown to 
reduce Escherichia coli biofilm growth in laboratory scale experiments (Doolittle et al. 1996).  
Perhaps the combination of widescale induction of prophage, as opposed to localized 
spontaneous induction that benefits the biofilms, and polysaccharide depolymerase producing 
phage could be used to effectively treat biofilms in a medical setting. The study of biofilms from 
an ecological perspective provides accessible models for treatment of medically relevant 
biofilms. This study shows that there is still much to be understood regarding the role of 
temperate phage in bacterial biofilms. Results both in naturally formed and laboratory grown 
(experimental flume) biofilms indicate that temperate phage are present in biofilms and can be 
induced to lyse their host cells. Induction, in conjunction with other treatments, might have 
utility as a therapy for removal of bacterial biofilms in medical devices. Additionally, and just as 
important, the understanding of temperate phage in biofilms contributes to the greater 
understanding of microbial community dynamics in lotic ecosystems. 
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